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Rhododendron maximum, a native ericaceous evergreen shrub, is expanding in forests of the southern Appalachian
region following eastern hemlock (Tsuga canadensis) mortality due to hemlock woolly adelgid (Adelges tsugae)
infestations. The goal of our study was to examine soil microbial community responses to experimental
R. maximum removal treatments. The experiment was implemented as a 2 × 2 factorial design, including two
R. maximum canopy removal levels (cut vs. not cut) combined with two forest floor removal levels (burned vs.
not burned). These treatments were designed as potential management strategies to facilitate hardwood tree
establishment in forests that have experienced T. canadensis declines. We sampled soils after removals and
characterized bacterial and fungal communities using amplicon sequencing. Shrub removal did not affect bac
terial or fungal α diversity but did affect both bacterial and fungal community composition. Relative abundances
of bacterial phyla and fungal classes exhibited no differences among R. maximum removal treatments. However,
specific bacterial and fungal taxa that were responsive to R. maximum removal (i.e., differentially abundant
sequences) did exhibit clear patterns at high taxonomic levels. Specifically, taxa that responded negatively to
R. maximum removal were found primarily in two bacterial phyla (Proteobacteria and Bacteroidetes) and one
fungal class (Archaeorhizomycetes) while positive responders were clustered in several other bacterial phyla (e.
g., Actinobacteria, Planctomycetes, Cyanobacteria). Fungal functional guilds also responded to R. maximum
removal, including negative responses of ericoid mycorrhizae and positive responses of arbuscular mycorrhizae
and wood saprotrophs. Effects of R. maximum removal on soil microbial communities were minor overall, but
clear effects on some key functional groups were evident (i.e., mycorrhizal fungi), suggesting that microbial
responses to R. maximum removal may influence recovery of forests in the southern Appalachian region.

1. Introduction

These alterations to soil properties and processes, along with attenua
tion of light by the dense R. maximum subcanopy, inhibits recruitment of
hardwood tree seedlings, thereby influencing forest dynamics (Beckage
et al., 2000; Clinton, 2003; Nilsen et al., 2001). Indeed, canopy trees are
on average 6 m shorter in areas where R. maximum is present than in
areas where it is absent (Bolstad et al., 2018), illustrating the potential
for R. maximum to influence forest ecosystems at the landscape scale.
In the past century, R. maximum has expanded in southern Appala
chian forests, initially due to early 20th Century die-offs of American
chestnut (Castanea dentata (Marsh) Borkh) (Elliott and Vose, 2012) and
more recently due to declines of eastern hemlock (Tsuga canadensis (L.)
Carrière) following hemlock woolly adelgid (Adelges tsugae Annand)
infestations (Ford et al., 2012). This expansion of R. maximum, along

Rosebay rhododendron (Rhododendron maximum L.), a native erica
ceous evergreen woody shrub, is the dominant understory species in
moist cove and riparian forests of the southern Appalachian region. This
shrub influences forest ecosystem structure and function within these
mesic habitats in numerous ways. For example, R. maximum reduces soil
temperature and moisture (Cofer et al., 2018) and recalcitrant
R. maximum leaf litter suppresses organic matter decomposition rates in
the forest floor (Ball et al., 2008; Hunter et al., 2003). In addition,
R. maximum reduces availability of soil nitrogen (N), as R. maximumderived organic N is preferentially immobilized by R. maximum’s own
ericoid mycorrhizal symbionts (Wurzburger and Hendrick, 2009, 2007).
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with the dominant role of R. maximum in structuring forest ecosystems,
suggests that southern Appalachian forests are undergoing fundamental
changes in the years following eastern hemlock declines. In response,
forest managers have suggested aggressive R. maximum removal stra
tegies to promote recovery of southern Appalachian forests that have
experienced hemlock die-offs (Vose et al., 2013). These removal stra
tegies include mechanical cutting of the R. maximum subcanopy,
application of herbicide to stumps to prevent re-sprouting, and low in
tensity prescribed fire to remove the thick forest floor that develops
underneath R. maximum thickets (Vose et al., 2013). Here, we focus on
influences of these R. maximum removal strategies on soil bacterial and
fungal communities. Because soil microorganisms facilitate virtually all
ecosystem processes, particularly biogeochemical cycling of soil nutri
ents (Falkowski et al., 2008; Fierer, 2017), microbial community re
sponses to R. maximum removal are likely to be key drivers of forest
recovery following removal treatments.
Prior studies have reported numerous effects of forest understory
removal on soil microbial communities, including increased dominance
of bacteria relative to fungi and altered production of microbial extra
cellular enzymes (Boerner et al., 2008; Giai and Boerner, 2007; Shen
et al., 2018; Wu et al., 2011; Zhao et al., 2011). In contrast, a prior
experimental R. maximum subcanopy removal in the southern Appala
chians revealed no evident effects on soil biota, including no changes in
microbial biomass or invertebrate communities (Wright and Coleman,
2002), though that prior study was not replicated and was confounded
by a hurricane that extensively disturbed the reference plot. Addition
ally, experimental removal of R. ponticum in the UK revealed no effects
of canopy removal on microbial community structure (Jones et al.,
2019). Together, these studies suggest that forest understory removal in
general can influence soil microorganisms, but that R. maximum canopy
removal alone may not be sufficient to alter soil bacterial and fungal
communities. This lack of biotic response to shrub removal alone is
potentially attributed to the continued influence of the thick Rhodo
dendron leaf litter layer, which likely limits availability of soil resources
(e.g., soil N) to soil microorganisms. Therefore, forest floor removal in
addition to R. maximum shrub removal may also be necessary to elicit
soil biotic responses.
The goal of our study was to determine microbial community re
sponses to experimental R. maximum canopy removal in combination
with forest floor (i.e., O-horizon) removal. A previous study from this
same experiment showed that R. maximum removal altered forest
vegetation, including increased cover and diversity of herbaceous
vegetation and increased density of tree seedings (Elliott and Miniat,
2018). In addition, these changes in vegetation were accompanied by
increased soil C and N, increased total microbial biomass, and increased
activities of microbial extracellular enzymes (Osburn et al., 2018).
However, influences on soil bacteria and fungi at the community level
are unknown. In general, we predicted that altered soil characteristics
and vegetation communities would drive changes in overall soil bacte
rial and fungal community structure following R. maximum removal.
Specifically, we predicted that increased soil C and N availability would
result in increased relative abundance of bacterial taxa that grow rapidly
and have high nutrient demands (i.e., r-selected taxa) and increased
relative abundance of nitrifying bacteria. Further, we predicted that
changes in vegetation following R. maximum removal would be reflected
in the relative abundances of fungal functional groups, with reduced
abundance of R. maximum symbionts (i.e., ericoid mycorrhizae) and
increased abundance of tree and herb symbionts (e.g., arbuscular and
ectomycorrhizae).

located in the Nantahala Mountain range of western North Carolina
within the Blue Ridge physiographic province of the southern Appala
chian Mountains. Mean annual temperature at Coweeta is 12.6 ℃ and
ranges seasonally from 3.3 to 21.6 ℃. Rainfall is generally abundant at
Coweeta, averaging ~ 1800 mm per year (Laseter et al., 2012). Soils are
deep, sandy loams and two soil orders are present within our study sites:
Inceptisols and Ultisols in the Cullasaja-Tuckasegee and EdneyvilleChestnut complexes, respectively (Thomas, 1996). Soils within our
sites are characterized by high organic matter in the A horizon and a
clay-accumulating B horizon. Within the Coweeta basin, we selected
areas in mesic, riparian areas previously dominated by T. canadensis
(>50% basal area), all of which were dead at the time of study. Living
overstory trees in the selected sites included Acer rubrum L., Liriodendron
tulipifera L., Betula lenta L., Quercus montana Willd., Quercus rubra L., and
Carya spp. Selected study areas had low-to-moderate slopes (<30%),
were at elevations ranging from 760 to 1060 m, and had R. maximum
densities averaging 7325 stems ha− 1 and basal areas averaging 7.36 m2
ha− 1 (Elliott and Miniat, 2018).
2.2. Experimental design and soil sampling
We applied R. maximum removal treatments to sixteen 20 m × 20 m
(0.04 ha) plots located in the Coweeta Basin. The four treatments
included R. maximum canopy removal (hereafter, CR), soil O-horizon
removal (hereafter, FF), both canopy and O-horizon removal (hereafter,
CFFR), and no removal (hereafter, REF). Each treatment was replicated
four times and treatments were randomly assigned to the sixteen plots.
In the CR and CFFR treatments, the R. maximum canopy was manually
cut, following which cut material was either further slashed to the
ground not to exceed 1.2 m in height (CFFR) or piled just outside the
treatment area (CR). Herbicide was applied to cut stumps to prevent
resprouting. The herbicide was a triclopyr amine (Garlon 3 A®, DOW
Agrosciences) formulation with an aquatic label (50% triclopyr amine/
50% water). Rhododendron maximum cutting (CR, CFFR) was performed
in March-May 2015. The FF and CFFR treatments involved low-intensity
prescribed fires to remove the thick forest floor (i.e., O horizon) that
develops beneath R. maximum. Burning took place in March 2016 and
followed the USDA Forest Service, Nantahala National Forest Prescribed
Burning Plan (USDA, 2011). The fires resulted in temporary removal of
the Oi (leaf litter) layer but did not consume the Oe + Oa layers (Elliott
and Miniat, 2018).
To characterize pre-treatment soil microbial communities, in July
2014, we sampled three A horizon (0 – 10 cm) soil cores from each plot,
and composited samples by plot. We then repeated soil sampling in April
and July 2017, two years following R. maximum canopy removal and
one year following forest floor (Oi only) removal. Soil subsamples were
stored at − 20 ℃ prior to DNA extraction and 4 ℃ prior to measurement
of soil chemical properties. Chemical properties, i.e., dissolved organic C
(DOC), total dissolved N (TDN), NO–3, NH+
4 , and pH were measured ac
cording to previously described methods (Osburn et al., 2018), and these
data are provided on Table S1. As previously reported, soils where
R. maximum was removed (especially CFFR) exhibited larger DOC, TDN,
NO–3, and NH+
4 pools compared with REF soils (Table S1) (Osburn et al.,
2018).
2.3. DNA extraction, PCR, and amplicon sequencing
We characterized soil microbial communities using a DNA
sequencing approach, beginning with isolation of DNA from soil. We
extracted DNA from 0.25 g of each soil sample using the Qiagen DNaasy
PowerSoil kit (Qiagen, Valencia, CA) and quantified extracts using a
Qubit 2.0 fluorometer (Thermo Fisher Inc., Waltham, MA, USA). We
characterized bacterial communities by PCR-amplifying and sequencing
the V4 region of the 16S rRNA gene using the 515f/806r primer pair
(Apprill et al., 2015; Parada et al., 2016), while for fungi we amplified
and sequenced the ITS1 ribosomal region using the ITS1f/2 primer pair

2. Materials and methods
2.1. Site description
We conducted this study at the Coweeta Hydrologic Lab (35◦ 03′ N,
83◦ 25′ W), a USDA Forest Service experimental forest. Coweeta is
2
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(Bellemain et al., 2010). The 16S and ITS1 regions serve as marker genes
for bacteria and fungi, respectively, allowing for taxonomic identifica
tion of sequences. Each PCR reaction contained 10 µl Thermo Fisher
Platinum II Hot Start PCR Master Mix (Thermo Fisher Inc, Waltham, MA,
USA), 1 µl DNA template, 0.2 µM forward and reverse primers, and
nuclease-free H2O to 25 µl. All samples were amplified in triplicate
under previously described thermal cycling conditions (Osburn et al.,
2019). After amplification, we pooled triplicate reactions and visualized
PCR products on a 1% agarose gel. We then used a Qiagen QIAquick PCR
Purification Kit (Qiagen, Valencia, CA, USA) to purify amplicons,
quantified the purified amplicons, and pooled 16S and ITS amplicons
separately in equimolar ratios. Amplicons were sequenced on the Illu
mina MiSeq platform using 250 bp paired end reads. Raw sequence
reads were deposited in NCBI’s BioProject database under accession
number PRJNA548911.

composition using non-metric multidimensional scaling (NMDS). PER
MANOVA and NMDS were conducted using Bray-Curtis distance
matrices with the ‘adonis2′ and ‘metaMDS’ functions in the vegan R
package, respectively (Oksanen et al., 2019). To determine relationships
of soil variables with microbial community composition, we correlated
soil variables with NMDS ordination scores using the ‘envfit’ function in
the vegan R package.
For all statistical analyses on post-treatment samples, we included
both ‘treatment’ and ‘sampling month’ as fixed effects in our statistical
models. However, for visualization purposes, we only show treatment
comparisons to illustrate effects of R. maximum removal, as ‘sampling
month’ was rarely found to have significant influence on community
metrics. All statistical analyses were performed in R (R Core Develop
ment Team, 2019).
3. Results

2.4. Bioinformatic processing

3.1. Effects on bacterial and fungal α diversity and community
composition

We processed raw sequences in QIIME2 (Bolyen et al., 2018) using
the DADA2 pipeline (Callahan et al., 2016). After DADA2 processing, we
retained 5,369,291 bacterial 16S rDNA sequences and 842,044 fungal
ITS sequences for further processing. We then rarefied the 16S and ITS
data sets to 23,019 and 3,774 sequences per sample, respectively, to
account for differences in sequencing depth among samples. Rarefaction
was performed using the ‘rarefy_even_depth’ function of the phyloseq R
package (McMurdie and Holmes, 2013). After rarefying, we retained
7,875 bacterial amplicon sequence variants (ASVs) and 1,530 fungal
ASVs for downstream analyses. Each ASV is a unique 16S or ITS DNA
sequence identified by the DADA2 algorithm. We assigned taxonomy to
ASVs using a naïve-bayes classifier (Pedregosa et al., 2011) trained on
the Greengenes (version 13.8) and UNITE (version 8.2) databases for
bacteria and fungi, respectively (Abarenkov et al., 2010; McDonald
et al., 2012). To assess effects of R. maximum removal on bacterial life
history strategies, we categorized abundant bacterial phyla as either rselected phyla (i.e., Proteobacteria and Bacteroidetes) or K-selected
phyla (i.e., Acidobacteria and Verrucomicrobia), similar to the approach
of Zhou et al. (2018). These life history strategies represent bacterial
taxa that grow rapidly and have high nutrient demands (r-selected) or
the opposite (K-selected). We also used FUNGuild (Nguyen et al., 2016)
to assign fungal ITS ASVs into functional guilds, and similar to previous
studies (e.g., Veach et al., 2017), we only used sequences assigned to a
single guild with a confidence of ‘probable’ or ‘highly probable’ in
downstream statistical analyses. Sequences that were assigned to mul
tiple guilds or were assigned to a guild with low confidence were not
analyzed.

As expected, microbial community composition did not differ among
treatments prior to treatment implementation (Fig. S1, S2). Therefore,
we focus all additional analyses on the post-treatment samples. In posttreatment communities, α diversity indices did not differ among
R. maximum removal treatments – there were no evident differences in
bacterial or fungal Shannon diversity among treatments (Fig. 1A, B).
Bacterial and fungal ASV richness and evenness (i.e., Simpson index)
also did not differ among treatments (Table S2, S3). In contrast,
R. maximum removal did affect both bacterial and fungal community
composition (i.e., β diversity, PERMANOVA analysis) (Fig. 2A, B). For
both bacteria and fungi, soils exposed to canopy and forest floor removal
(CFFR) clustered distinctly from other treatments on NMDS ordinations
(Fig. 2A, B). Bacterial community composition was significantly corre
lated with soil pH and weakly correlated with dissolved inorganic N (i.
–
e., DIN, NH+
4 + NO3) (Fig. 2A) while fungal community composition was
significantly correlated with DIN (Fig. 2B).
3.2. Effects on bacterial phyla and fungal classes
The most abundant bacterial phyla in our soils were Acidobacteria
and Proteobacteria, which accounted for 35% and 33% of all sequences,
respectively (Fig. 3A). Other phyla comprising > 1% of sequences
included Verrucomicrobia (8.4%), Planctomycetes (8.3%), Actino
bacteria (4.4%), Bacteroidetes (3.6%) and Chloroflexi (1.5%) (Fig. 3A).
Rhododendron maximum removal had no effect on the relative abun
dances of any bacterial phyla (all P > 0.05). Further, R. maximum
removal had no apparent effects on specific bacterial functional groups –
for example, ratios of r- vs K-selected bacterial phyla were not influ
enced by removal treatments (P = 0.71, Table S4). In addition, nitrifying
bacteria (i.e., Nitrospirae) were rare, comprising only 0.2% of sequences
overall, and relative abundances of nitrifiers were not influenced by
R. maximum removal (P = 0.35, Table S4)
The most abundant fungal classes were Agaricomycetes and Mor
tierellomycetes, which accounted for 37% and 22% of all sequences,
respectively (Fig. 3B). Other classes comprising > 1% of sequences
included Archaeorhizomycetes (13.2%), Leotiomycetes (4.8%), Trem
ellomycetes (3.3%), Sordariomycetes (1.4%), Geminibasidiomycetes
(1.3%), Saccharomycetes (1.2%), and Eurotiomycetes (1.1%) (Fig. 3B).
Rhododendron maximum removal did not have significant effects on the
relative abundances of any fungal classes (all P > 0.05, Fig. 3B).

2.5. Statistical analyses
We determined effects of R. maximum removal treatments on bac
terial and fungal α diversity by calculating 16S and ITS Shannon di
versity, Simpson diversity, and ASV richness using the
‘estimate_richness’ function in the phyloseq R package (McMurdie and
Holmes, 2013). To identify specific bacterial and fungal ASVs that
responded to R. maximum removal treatments, i.e., differentially abun
dant ASVs between treatments and controls, we used the ‘exactTest’
function in the edgeR R package (Robinson et al., 2010). To determine
effects of treatments on α diversity indices and relative abundances of
specific bacterial and fungal taxa and functional groups, we used linear
models (‘lm’ function). To assess assumptions of normality of residuals
of our models, we used Shapiro-Wilk tests, and when models did not
meet assumptions of normality, we verified ‘lm’ results using general
ized linear models (‘glm’ function with Gamma distribution and log-link
function).
We determined effects of R. maximum removal treatments on bac
terial and fungal community composition using permutational analysis
of variance (PERMANOVA) and visualized patterns in community

3.3. Differentially abundant bacterial and fungal ASVs
We identified 147 bacterial ASVs to be differentially abundant be
tween REF and R. maximum removal treatments (edgeR exactTest P <
0.05), 39% of which belonged to Acidobacteria and 37% of which
3

E.D. Osburn et al.

Forest Ecology and Management 496 (2021) 119398

Fig. 1. Effects of R. maximum removal on bacterial (A) and fungal (B) ASV Shannon diversity in post-treatment samples. White diamonds represent means of each
treatment. P values are from linear models. Treatment abbreviations are as follows: reference (REF), O-horizon removal (FF), canopy removal (CR), and canopy + Ohorizon removal (CFFR).

Fig. 2. NMDS ordinations (Bray-Curtis distances) showing effects of R. maximum removal on bacterial (A) and fungal (B) ASV community composition. P values are
from PERMANOVA with Bray-Curtis distances. Vectors show relationships of soil chemical variables with NMDS ordination scores. Symbols next to chemical var
iables represent significant correlations (from envfit) at the following levels: ** P < 0.01, * P < 0.05, † P < 0.1. Treatment abbreviations are as follows: reference
(REF), O-horizon removal (FF), canopy removal (CR), and canopy + O-horizon removal (CFFR).

belonged to Proteobacteria (Table S5). We subset the data to only
include these differentially abundant taxa and analyzed relative abun
dance patterns of these responsive ASVs at the phylum level. Many
significant positive R. maximum removal responses were evident at the
phylum level for differentially abundant bacterial ASVs, particularly in
the canopy and forest floor removal treatment (CFFR). For example,
Planctomycetes were 3.6-fold more abundant in CFFR soils relative to
REF soils within this differentially abundant ASV data set (Fig. 4).
Further, differentially abundant Actinobacteria, Cyanobacteria, Chla
mydiae, and candidate division FCPU426 accounted for ~ 0.5–3% of
sequences in CFFR, while these ASVs were not detected in REF soils
(Fig. 4). Negative responses of microbial taxa to R. maximum removal
were also evident for some bacterial phyla within the differentially
abundant ASV data set; for example, differentially abundant Proteo
bacteria were ~ 76% more abundant in REF soils than in CFFR soils and
Bacteroidetes were ~ 150% more abundant in REF soils than in CFFR
soils (Fig. 4).
We identified 37 fungal ASVs to be differentially abundant between

REF and R. maximum removal soils, 79% of which belonged to Agar
icomycetes and 21% of which belonged to Archaeorhizomycetes
(Table S6). Class-level analyses of these responsive fungal taxa revealed
significant negative R. maximum removal responses of Archae
orhizozmycetes, which were ~ 4.6-fold more abundant in REF soils
compared with CFFR soils within the differentially abundant ASV data
set (Fig. 4).
3.4. Fungal functional guilds
Of the fungal ASVs across all samples confidently assigned to single
functional guild, 62% were categorized as ectomycorrhizae, 25% were
categorized as soil saprotrophs, 10% were classified as undefined sap
rotrophs, and 1.6% were classified as endophytes, while all other guilds
accounted for < 1% of classified sequences (Table S7). Relative abun
dances of many guilds exhibited significant effects of R. maximum
removal, particularly mycorrhizal taxa. These effects included negative
responses of ericoid mycorrhizae, which accounted for ~ 0.3% of
4
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Fig. 3. Relative abundances of bacterial phyla (A) and fungal classes (B) across R. maximum removal treatments. Treatment abbreviations are as follows: reference
(REF), O-horizon removal (FF), canopy removal (CR), and canopy + O-horizon removal (CFFR).

Fig. 4. Heat map showing scaled Z-scores for relative abundances of bacterial
phyla and fungal classes for the 147 differentially abundant bacterial ASVs and
37 differentially abundant fungal ASVs identified by edgeR. Symbols next to
taxa represent significant treatment effects (from linear models) at the
following levels: *** P < 0.001, ** P < 0.01, * P < 0.05, † P < 0.1. The
dendrogram on the heatmap reflects similarity of relative abundance patterns of
taxa across R. maximum removal treatments (complete-linkage clustering) and
does not reflect phylogenetic relationships. Treatment abbreviations are as
follows: reference (REF), O-horizon removal (FF), canopy removal (CR), and
canopy + O-horizon removal (CFFR).

Fig. 5. Heat map showing scaled Z-scores for relative abundances of fungal
functional guilds identified by FUNGuild. Symbols next to guilds represent
significant treatment effects (linear models) at the following levels: *** P <
0.001, * P < 0.05. The dendrogram on the heatmap reflects similarity of relative
abundance patterns of fungal guilds across R. maximum removal treatments
(complete-linkage clustering). Treatment abbreviations are as follows: refer
ence (REF), O-horizon removal (FF), canopy removal (CR), and canopy + Ohorizon removal (CFFR).

mycorrhizae exhibiting greater relative abundance in the summer rela
tive to spring (Table S8).

sequences in REF soils but only ~ 0.07 – 0.28% of sequences in
R. maximum removal treatments (Fig. 5). In contrast, arbuscular
mycorrhizae, orchid mycorrhizae, and wood saprotrophs all exhibited
positive responses to R. maximum removal (Fig. 5). On average, arbus
cular mycorrhizae accounted for 0.6% of sequences in removal treat
ments and only 0.06% in REF soils, orchid mycorrhizae accounted for
0.45% of sequences in removal treatments and only 0.2% in REF soils,
and wood saprotrophs accounted for 0.13% of sequences in removal
treatments and only 0.09% in REF soils (Fig. 5). Mycorrhizal taxa also
exhibited some seasonal variability, with both arbuscular and orchid

4. Discussion
Effects of R. maximum removal on soil microbial communities were
minor – we observed no changes in bacterial or fungal α diversity, no
significant changes in relative abundances of bacterial and fungal taxa,
and no changes in relative abundances of specific bacterial functional
groups. Further, effects of removal treatments on bacterial and fungal
community composition at the ASV level were subtle (P < 0.1) and only
5
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evident for the canopy plus forest floor removal treatment. These results
are similar to a R. ponticum removal experiment in the UK, which re
ported no changes in microbial community structure (Jones et al.,
2019), but contrast with a prior study from these same soils, which
showed significant increases in microbial biomass and activities of mi
crobial extracellular enzymes following R. maximum removal (Osburn
et al., 2018). Together, these results suggest that R. maximum removal in
the southern Appalachians is more likely to influence soil microbial
activity than soil microbial community structure, at least in the short
term.
Though microbial community composition responses to R. maximum
removal were minor overall, edgeR analysis did identify multiple spe
cific bacterial and fungal ASVs that were responsive to removals, i.e.,
differentially abundant sequences. However, these responsive taxa
comprised only ~ 1.9% (147 of 7,875) of detected bacterial ASVs and
only ~ 2.4% (37 of 1,530) of fungal ASVs, while all other taxa were
unresponsive, further highlighting the subtle responses of microbial
communities to R. maximum removal. Despite their rarity, the respon
sive ASVs exhibited significant patterns across treatments at high taxo
nomic levels. For example, ASVs responding positively to R. maximum
removal were found in Actinobacteria and Planctomycetes, while
negatively responding ASVs clustered in Proteobacteria and Bacter
oidetes. This result is surprising given that Proteobacteria and Bacter
oidetes are commonly classified as r-selected (Fierer et al., 2007; Zhou
et al., 2018) and the increases in soil C and N following R. maximum
removal would be expected to favor these rapidly growing taxa. This
unexpected pattern is likely attributed to the small number of differ
entially abundant Bacteroidetes and Proteobacteria detected (5 and 26
ASVs, respectively); these particular ASVs apparently do not exhibit the
life history strategies typical of their phyla. Further, phylum-level pat
terns in differentially abundant ASVs were observed primarily in the
canopy + forest floor removal (CFFR) treatment, similar to patterns in
community composition at the ASV level, which were also primarily
evident in CFFR. This is in agreement with our prior study, which
showed increased soil C and N, increased microbial biomass, and
increased extracellular enzyme activities in CFFR but not in canopy
removal (CR) or forest floor removal (FF) alone (Osburn et al., 2018).
Overall, these results suggest that bulk soil microbial communities will
respond to R. maximum removal only when canopy and forest floor
removal are combined, likely due to mobilization of organic C and N in
the soil by prescribed fire and simultaneous die-back of R. maximum
roots and their functionally dominant mycorrhizal symbionts following
mechanical cutting of shrubs.
Our study also reveals clear responses of several key fungal func
tional groups to R. maximum removal. For example, ericoid mycorrhizae
declined in relative abundance following treatments, indicating that
removals successfully inhibited activity of R. maximum roots and their
mycorrhizal symbionts. In addition, orchid mycorrhizae and arbuscular
mycorrhizae increased in abundance following removals, which reflects
the increased diversity and cover of herbaceous vegetation and
increased density of tree seedlings previously reported for these
R. maximum removal plots (Elliott and Miniat, 2018). Relative abun
dance of wood saprotrophs also increased following removals, which
may reflect increased availability of dead woody R. maximum root or
stem material in plots where R. maximum was cut. Further, the increases
in arbuscular mycorrhizae and wood saprotrophs may be responsible for
the increases in hydrolytic extracellular enzyme activities we previously
observed in these plots (Osburn et al., 2018), as these groups of fungi are
known producers of carbon- and nutrient-acquiring enzymes (Burke
et al., 2011; Smith and Read, 2010). Overall, it is clear that vegetation
changes following R. maximum removal will manifest in altered abun
dances of key fungal functional groups, which will likely influence soil
biogeochemical functions and forest recovery following removal
treatments.
In addition to vegetation influences, effects on soil microbial com
munities are likely mechanistically linked to changes in soil properties

that occur following R. maximum removal treatments. For example, DIN
increased following R. maximum removal and was also significantly
correlated with both bacterial and fungal community structure, sug
gesting that DIN may have driven some of the microbial community
responses we observed. The importance of soil properties in structuring
microbial communities may also explain the lack of stronger microbial
responses to R. maximum removal. For example, removals did not in
fluence soil pH, which is known to have strong influence on microbial
communities across biomes (Fierer and Jackson, 2006) and in Appala
chian forests specifically (Osburn et al., 2019), and was also significantly
correlated with bacterial community composition in the present study.
This lack of a soil pH response may be attributed to the short-term nature
of this study – over longer time scales, increased abundance of herba
ceous vegetation and trees with higher pH litter than R. maximum (e.g.,
Acer rubrum, Liriodendron tulipifera) may result in increased soil pH,
which will likely influence microorganisms, particularly bacterial
communities. Indeed, prior studies from the Coweeta Basin have shown
clear long-term (i.e., multi-decadal) effects of management activities
and associated vegetation changes on soil pH and microbial commu
nities (Osburn et al., 2019), suggesting that long-term effects of
R. maximum removal on soil microorganisms are likely to occur.
In the short term, R. maximum removal appears successful for pro
moting recovery of southern Appalachian forests that have experienced
eastern hemlock declines. Removals stimulate microbial biogeochemical
activity (Osburn et al., 2018), thereby increasing availability of soil
nutrients to hardwood tree seedlings, which are abundant in the seed
bank (Cofer et al., 2018) and thus increase in density following treat
ments (Elliott and Miniat, 2018). Here, we show that these vegetation
and biogeochemical responses occur in the absence of large changes to
soil microbial communities and that the microbial responses we did see
(i.e., mycorrhizal fungi) appear closely linked to vegetation changes.
Further, the apparent stability of microbial communities may actually be
beneficial for the maintenance of forest ecosystem services following
R. maximum removal. For example, a nearby study showed that canopy
removal alone (CR) and in combination with forest floor removal (CFFR)
did not degrade water quality, including no increases in stream NO–3
(Elliott and Miniat, 2020), which may be attributed to the lack of
response of nitrifying bacteria in riparian soil observed here. However,
continued changes in vegetation and associated soil properties will
potentially drive larger changes to soil microbial communities in the
long term, highlighting the importance of continual monitoring of these
ecosystems in the years following management activities.
5. Conclusions
In the wake of eastern hemlock decline, Rhododendron maximum is
emerging as a foundation species in Appalachian ecosystems (Dudley
et al., 2020); it is expanding its habitat, which has numerous implica
tions for the physical structure and biogeochemical functions of Appa
lachian forests. To restore these forests, aggressive R. maximum
management strategies (i.e., removals) will be necessary. Here, we show
that R. maximum removal has generally minor effects on microbial
community structure in the short term. However, responses of some key
microbial functional groups (i.e., mycorrhizal fungi) were evident,
suggesting that the microbial responses that do take place will
contribute to forest recovery. Further, though long-term effects of
R. maximum removal are difficult to predict, it is possible that sustained
vegetation changes will drive larger changes to soil microbial commu
nities in the future. Therefore, continued monitoring is necessary to
evaluate the efficacy of R. maximum removal for restoring forest struc
ture while maintaining the critical services that Appalachian ecosystems
provide.
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